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The assessment of marine microbial biodiversity is crucial for determining either the environmental status (ecological or biodiversity research) or as a first step in the biodiscovery process (biotechnological research). Regardless of the research purpose, the first step in a biodiversity assessment is sampling, which can range from ad hoc sampling expeditions to long-term monitoring campaigns. In spite of its demands for funds, infrastructure, expertise, equipment, and personnel, sampling is often not adequately planned. This results in increased likelihood for biased sampling, which can lead to misinterpretation of results, omission of valuable specimens and an unrepresentative collection of stored samples, all particularly important for the assessment of microbial biodiversity. For these reasons, we are proposing a conceptual framework to assist in better preparation of sampling, consisting of pre-sampling, sampling and post sampling steps. The manuscript guides the reader through all the necessary steps, regardless of the sampling habitat (from water column to sediment), the sampling techniques and the preservation and storage approaches including culture and biorepositories. Such a harmonized approach can be of benefit for (i) researchers in the field of ecology/biotechnology, (ii) industrial companies requiring information on the providers and availability of data, and (iii) governance structures and funders, in the light of open science principles.
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1 Introduction

Marine biodiversity has continuously sparked the interest of the scientific community and the society that depends on it since the 17th and 18th centuries (Costello et al., 2010). The marine environment is a treasure trove of undiscovered life. Some estimates that out of 1 to 2 million marine species, between 75% and 90%, are still unknown (Mora et al., 2011; Rogers et al., 2023). Indeed, despite the significant advances in understanding the marine microbial diversity in the last 20 years, current estimates of biodiversity differ, sometimes by orders of magnitude, highlighting the immense potential for new scientific endeavours and the continued need for assessing marine biodiversity (Logares, 2024). The solutions for better understanding and discovering ocean life globally lie in the development of new methods, the application of consistent standards, the establishment of new working practices, and the expansion of research coverage (Rogers et al., 2023).

Field observations play a central role in assessing marine biodiversity and allow researchers to identify patterns in biodiversity that are influenced by environmental pressures. This can help address many global societal challenges (United Nations Department of Economic and Social Affairs, 2023), such as mitigating the potential impacts of climate change and pollution or contributing to an innovative society through marine (blue) biotechnology by suggesting novel products that stem from the marine environment and organisms therein.

There are major differences in sampling strategies depending on their objective, namely (i) monitoring biodiversity to determine their relationship with the environment or (ii) bioprospecting organisms for the discovery of novel compounds with biotechnological potential. When sampling is conducted to monitor biodiversity and assess the ecological status of an environment, it is usually carried out routinely at multiple times. This allows for a comparison of a before-and-after status and may be used to track changes in biodiversity patterns over time (Office of Water, 1997; Barbour, 1999; Patrício et al., 2016). Countries with transboundary marine regions typically follow international/continental monitoring programmes in order to meet legislation requirements (see a brief overview in Supplementary File S1). These activities are usually included in the national marine monitoring programmes (Barbour, 1999) of each country or result from specific research needs. On the other hand, routine sampling expeditions aimed at detecting novel bioactive compounds are usually hampered by the lack of financial resources and legal requirements needed to provide personnel, equipment, and subsequent laboratory costs. Regardless of the sampling objective (bioassessment/monitoring or discovery of bioactive compounds), traditional taxonomic methods are currently coupled with molecular approaches, including genomic sequencing (Leese et al., 2016; Compson et al., 2020). However, for biodiscovery, sampling may be followed by other indispensable steps such as bioactivity screening, culturing and preservation (Joint et al., 2010; Ingebrigtsen et al., 2017). The latter steps may be followed by further bioassay screening. In the case of microorganisms, it is important to note that culturing conditions may influence the chemical composition of extracts and consequently the bioactivity of the species (Lauritano et al., 2016).

This article focuses on techniques and approaches for effective microbial diversity assessment. The main objectives are to harmonize and justify strategies that may lead to higher (i) resource efficiency, (ii) representation of diversity units, (iii) quality of obtained data for further analyses/interpretation. We propose an operational workflow, consisting of three main parts: pre-sampling, sampling and post-sampling activities (Figure 1). Each step is discussed in sub-chapters below, along with two considerations that are critical for conducting biodiversity assessments: legislation (including ethics considerations) and the need for multidisciplinary collaboration.
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Figure 1 | Operational flow of representative sampling strategies showing three main steps to uncover marine microbial diversity in a legal context and needed multidisciplinary approach. Pre-sampling – defining sampling design and strategy, sampling, and post-sampling that consist of fixation dependent (preservation) and independent methods (culturing, collections) and the subsequent sample management steps.




2 Targeted habitats and organisms

Microbial diversity in the oceans is exceptional and contributes to the stability and resilience of ecosystems. Microorganisms in marine ecosystems provide energy and food for higher trophic levels, while photosynthetic microorganisms produce oxygen. They play a central role in the carbon cycle, providing both organic carbon and long-term carbon storage, and recycling nutrients in marine ecosystems – all of which constitute a crucial link in food web dynamics, influence various biogeochemical processes in the water column, and have global implications for the Earth’s climate (Field et al., 1998; Fahey et al., 2017). In coastal and marine environments, most microorganisms are dispersed in the water column or attached to a substrate, e.g., sediment, forming complex microbial communities (Fazi et al., 2005; Battin et al., 2008). The abundance of microorganisms can reach up to 106 cells/mL in seawater and 109 cells/mL in the sediments of the sea floor, which therefore represents a richer source of microorganisms (Schallenberg and Kalff, 1993; Hoshino et al., 2020; Zhang et al., 2021).



2.1 Habitats

Natural or artificial environments create habitats that support living organisms and can be divided into different groups (Table 1, Figure 2). Coastal habitats are divided into (a) the nearshore terrestrial zone, (b) the intertidal zone, (c) the benthic zone, and (d) the pelagic zone (Schallenberg and Kalff, 1993). The water column in a marine pelagic habitat refers to the uppermost surface layer down to the deepest part of the ocean and includes different zones within the photic zone (epipelagic, < 200 m), the twilight zone (mesopelagic, 200 - 1,000 m), the midnight zone (bathypelagic, 1,000 - 4,000 m), the abyssal zone (abyssopelagic, 4,000 – 6,000 m) and the hadal zone (trenches, > 6,000 m) (Figure 2).


Table 1 | Different groups of habitats and their classification.
	Habitats
	Types



	Coastal habitats
	a) nearshore terrestrial zone
b) intertidal zone
c) benthic zone
d) pelagic zone


	Pelagic habitats
	a) sunlight zone (epipelagic)
b) twilight zone (mesopelagic)
c) midnight zone (bathypelagic)
d) abyssal zone (abyssopelagic)
e) hadal zone (trenches)


	Marine sediments
	a) surface
b) subsurface
c) deep-sea sediments


	Substrate types
	a) inorganic material
b) biogenic material
c) artificial substrates







[image: Cross-section illustration of oceanic and coastal zones. On the left, the nearshore terrestrial and intertidal zones lead to the benthic zone, with phytobenthos and zooplankton. The pelagic zone extends on the right, including epipelagic, mesopelagic, and bathypelagic areas, featuring plankton, attached organisms and other marine life. Depths are labeled, reaching from 200 meters to 6000 meters, covering bathyal, abyssal, and hadal zones. Both ship-based and autonomous sampling devicesare shown.]
Figure 2 | Targeted organisms and habitats – microorganisms (phytoplankton) and zooplankton in the water column, biofilm and sediments. Advanced samplers – wire-walker, sediment trap, glider, satellite, drone, and ship-based sampling during the rosette (set of niskin samplers and CTD) deployment.

Marine sediments can be classified as surface, subsurface and deep-sea sediments (Table 1). Surface sediments are found in shallow waters and nearshores. Subsurface and deep-sea sediments are often referred to as off-shore sediments (Stincone and Brandelli, 2020). Deep-sea sediments can be classified according to their depth as follows: bathyal (200–2,000 m); abyssal (2,000 – 6,000 m) and hadal (> 6,000 m) (Kamjam et al., 2017, 2018) (Figure 2).




2.2 Targeted organisms

Pelagic marine microorganisms refer to microorganisms that live in the water column of the seas and ocean (as opposed to benthic) and include plankton. Plankton are all organisms distributed in the water column that move with ocean currents (Liu et al., 2024a). From the smallest fraction, femtoplankton (< 0.2 μm), to pico- (0.2 – 2.0 μm), nano- (2 – 20 μm), micro- (20 – 200 μm), and megaplankton (> 20 cm), these include viruses, bacteria, protista, and metazoa (Figure 2). The distribution pattern of microorganisms is highly dependent on the combination of physicochemical (e.g., light availability, nutrient supply, ocean circulation, and water column stratification) and biological processes (e.g., microbial activity, zooplankton grazing pressure, viral lysis). Although circumglobal expeditions, such as Tara Ocean or Tara Pacific (De Vargas et al., 2015; Gorsky et al., 2019) have been organized for biodiversity screening focused on free-living plankton or global diversity of free-living bacteria (Pommier et al., 2007), many aquatic microorganisms colonize solid surfaces to form multi-species biofilms which offer a high pool of still uncovered marine microorganism diversity (Florio Furno et al., 2022). In marine habitats, the term substrate refers to the physical surface or material on which marine organisms live, attach, or interact with. Substrate types can vary widely in the marine environment and may significantly influence the composition of benthic (bottom-dwelling) communities. Common marine substrates include inorganic and biogenic material, as well as artificial substrates such as plastics (Figure 2, Table 1).

In coastal and marine environments, most bacteria are associated with biofilms, forming complex communities with intricate architectural organisation that contribute significantly to carbon and nutrient cycling (Fazi et al., 2005; Battin et al., 2008). Biofilm is a term used to describe structured microbial communities that occur as surface-attached communities or suspended aggregates (Coenye et al., 2022). In the marine environment, biofilms are associated with sediments, hard substrates underwater (natural and artificial), and suspended particles and aggregates. Organisms aggregate on all surfaces, as well as in the boundary layers of the water that vary in temperature, density, light, and nutrient content (e.g., thermocline, pycnocline, halocline, nitricline, etc.). Biofilm development is characterised by an increase of biomass in the early stages and changes in three-dimensional structure during maturation (Watnick and Kolter, 2000; Neu et al., 2010). Biofilms and periphyton in general are not only a novel species bank with hidden microbial diversity and functional potential in the ocean but are also increasingly recognised as a source of diverse secondary metabolites (Zhang et al., 2019; Rotter et al., 2021; Liu et al., 2024a).

Phytobenthos in coastal marine habitats grows in association with submerged substrates or colonize the first few centimetres of substrate layers (MacIntyre and Cullen, 1996; MacIntyre et al., 1996) (Figure 2). Phytobenthos communities can be distinguished according to their life traits and preferred substrates. Definitions of communities in terms of preferred substrates include “herpobenthos” (living on/in sediment) and “haptobenthos” (living on/in solid substrate). Algal communities living on/in sediment include epi-, endo-pelon (living on/in organic muddy sediment) and endopsammon (communities living on/in sandy sediment). Haptobentos represents benthic algal communities associated with various solid substrates such as rock (epilithon, endolithon), submerged macrophytes or large microalgae (periphyton, endophyton), animals (epizoon, endozoon), wood (epixylon), and sand grains (epipsammon). Organisms in benthos and water column that migrate between the two can be categorized as meroplankton, tychoplankton, or metaphyton (MacIntyre et al., 1996). There has been increasing interest in the diversity of bacteria and protists in epizoon of long-living vertebrates such as sea turtles (Kanjer et al., 2020; Trotta et al., 2021).





3 Pre-sampling

An appropriate sampling design is crucial to minimise the risk of drawing incorrect conclusions about the studied ecosystem and to minimise harming the environment/habitat (Steele, 2001). In environmental studies, sampling consistently encounters logistical bottlenecks such as time, finances, accessibility, and data integration (Albert et al., 2010). Sampling design is highly dependent on the objectives of specific projects/biodiscovery expeditions and existing prior knowledge of the system under study (Kreiner et al., 2019a, b, c). Initial sampling can be designed to develop and test metrics for application in specific environmental compartments and specific geographic regions (Stewart et al., 1986). The characteristics of organisms may differ considerably between different regions within the same ecoregion (Galitz et al., 2024). Therefore, it is often necessary to define reference conditions separately for each region (Office of Water, 2002).

Findings from previous ecosystem surveys should be integrated into the newly developed sampling strategies. This means that samples should be selected to represent a range of habitats. For example, according to the Monitoring and Sampling Manual (Water Quality and Investigation, Department of Environment and Science, 2018), water samples should be taken at a given location at approximately the same time of day or following some other natural rhythm, such as tides. Beside the daily rhythm, it is also essential to have in mind possible extreme events that can influence microbial communities like storms, heatwaves, or algal blooms. Due to the continuous and available meteorological monitoring, those events are easily visible and their possible influence on the environment needs to be addressed prior to the sampling to choose the appropriate sampling site and time. This allows for a direct comparison of survey results over time and an accurate assessment of changes. Technical guidance on appropriate sampling design is also important to maximize predictive success along environmental gradients in all areas of biology and ecology.

Representative sampling in the marine environment should ensure that the samples collected accurately reflect the habitat, relative abundance and distribution of the target organisms, and the ecological factors within the marine ecosystem. The challenges and limitations of representative sampling in the marine environment lie in the high spatial and temporal variability, limited equipment and financial constraints. It is important to integrate multidisciplinary approaches and use combinations of different methods. Five main points (described in the following subchapters) should be considered to achieve greater representativeness in sampling: proportionality, strategic sampling, sampling considering spatial and temporal variations, integration of different sampling methods (Figure 1). These should be considered already in the pre-sampling stage (Figure 1) to allow a comprehensive approach to ecosystem services assessment and an understanding of the overall ecosystem overview.




4 Sampling



4.1 Proportionally representative sampling

Proportional sampling in the marine environment is important for scientific research, environmental conservation, and natural resource management. Such sampling should ensure the representation of habitats, as well as the relative abundance and distribution of target organisms and ecological factors within the marine ecosystem. This can help address the shortcomings of previous studies, which rarely distinguished between changes in local diversity and variation in diversity across space (Keck et al., 2025). This approach is fundamental for a comprehensive understanding of the marine environment and its inhabitants. However, when designing sampling strategies that target microorganisms, proportional representation presents a significant limitation, as it depends on the availability of information on existing biodiversity. This is particularly relevant considering that individual temporal and spatial studies have typically been conducted without comparison to reference controls. Therefore, this approach requires two key considerations: (i) the need for regular monitoring campaigns to establish baseline values of microbial biodiversity in different environments, and (ii) acknowledgment of the fact that microbial diversity is vast and still largely unknown (Zinger et al., 2012; Edet et al., 2017; Santi et al., 2021; Nam et al., 2023). Therefore, microbial biodiversity assessment campaigns including both traditional (taxonomy) or new (molecular) research methods should remain a stable element in marine (micro)biology field studies, placing even stronger importance on the current global monitoring campaigns such as Tara Ocean or Tara Pacific (De Vargas et al., 2015; Kamjam et al., 2018).




4.2 Strategic sampling

Strategic sampling refers to optimized sampling that generates relevant data on abundance and distribution of species due to their high spatial and temporal variability, focusing on key areas or areas of particular importance for ecosystem services. This type of sampling strategy can allow for focused research on regions delivering specific services or protecting a particular habitat (Kreiner et al., 2019a, c, b). There are a few examples of strategic sampling (i) standardized protocols and conventions (ii) adaptive sampling strategies.

Standardized protocols are a result of long-term research of different research groups that have gone through an extensive process of intercalibration in order to generate the best possible protocol depending on the expected results. These may not refer to specific organisms, but to specific habitats or ecosystem response. An important example of a key area of interest for sampling relates to managing new species introductions, both native and non-indigenous (NIS), which are often introduced by the ballast water of vessels. Specifically, the International Maritime Organization (IMO) developed the Ballast Water Management Convention (BWMC), which provides a new international legal framework to address this threat and to also optimize Port Baseline Surveys (PBS). IMO has released guidelines that encourage port states to undertake PBS. Harmful aquatic organisms and pathogens are regarded as one of the greatest threats to the marine environment and ballast waters are one of the most frequent vectors facilitating their spread. Ports represent extremely sensitive areas for Harmful Aquatic Organisms and Pathogens (HAOP) introductions and their further proliferation. Typically, surveys of biota include sampling several different groups of organisms: hard substrate organisms, soft bottom benthos, plankton and mobile epifauna (e.g., fish). All species should be surveyed using a comprehensive sampling protocol. For example, the CRIMP protocol (Hewitt and Martin, 2001) provides guidelines for ballast water sampling (International Maritime Organization, 2004, 2007). The CRIMP protocol, which has been successfully applied to tropic and temperate marine environments, relies on SCUBA sampling and may not be applicable to all ports when alternative sampling techniques can be applied. The objectives of the PBS protocols are: to outline the steps that should be taken for a baseline survey, specify the abiotic and biotic parameters which should be analysed, quote methods and describe the report format. The distribution of sampling sites in the port area should follow a stratified sampling design (McMaugh, 2005).

Adaptive sampling strategy applies to samplings that cannot rely on standardized protocols due to the novelty of the research or specific processes. One example is sampling on fine scale, where the main question is the response of microorganisms to complex physical small-scale processes. A multidisciplinary approach employing oceanographic and meteorological models in generating a forecast of five days in advance enables guided sampling to obtain representative marine microorganisms samples. A successful example of adaptive sampling strategy was the investigation of biological response to island-trapped waves (ITWs) which may result in enhanced uplift and vertical excursion of the thermocline, upwelling of nutrients and consequently increase in net primary production. Since this physical phenomenon occurs in only a few areas in the world, in irregular time scales, the use of operational atmospheric and oceanographic models allows the prediction of intense ITW episodes and the rapid adaptation of fieldwork enabling strategic sampling in order to answer the hypothesis (Ljubešić et al., 2024).




4.3 Spatial sampling intensity

The intensity of sampling required to adequately assess microbial diversity depends on the complexity and spatial variability of microbial communities, which in turn is a function of habitat heterogeneity. In heterogeneous environments, there are several ways to reduce variability with low sampling effort. This can be achieved by (i) conducting composite sampling, i.e., combining several field samples into a single sample to account for local variation without increasing costs; (ii) selecting a single “indicator” community for sampling rather than attempting to sample all habitats, (iii) using introduced substrates (Office of Water, 2002); (iv) performing a strategy based on the vertical physicochemical profile, chlorophyll-a fluorescence and optical properties of the water column (CTD probe equipped with additional instruments, Figure 3) (Lee et al., 2005; Babić et al., 2017).

[image: Image panel consisting of three scientific oceanographic instruments. A: A CTD device lowered into the ocean, used for measuring conductivity, temperature, and depth. B: A Niskin bottle rosette sampler on the ship’s deck, used for collecting water samples at various depths. C: Autonomous underwater vehicle ready to be deployed from the ship.]
Figure 3 | Various CTD probe set up: CTD equipped with additional instruments deployment (A); Rosette with Niskin samplers and CTD (B); CTD mounted in a vehicle that is towed by a research vessel (C).

To increase the spatial coverage, global ocean colour satellites are used (SeaWiFS, MODIS, VIIRS), which have continuously been providing global datasets of chlorophyll-a (O’Reilly et al., 1998; Vaičiūtė et al., 2021). These data not only generate insight into spatial and temporal changes in phytoplankton biomass but can also be used as an excellent tool to guide researchers in the field. Moreover, this approach allows for local (Lučić et al., 2017) or global scale (Flombaum et al., 2013; Vandermeulen et al., 2020) perspectives. Along with the continuous technological advances, another possibility in gaining global hyperspectral data is through the new PACE satellite that was launched in 2024 (NASA’s Plankton, Aerosol, Clouds, ocean, Ecosystem (PACE) mission) (Cetinić et al., 2024).




4.4 Temporal sampling intensity

Marine microorganisms typically exhibit distinct seasonal patterns in abundance and species composition, and these patterns may differ by habitat type. Some familiarity with the temporal dynamics of communities in the marine classes of interest should be gained before sampling (Office of Water, 2002). Sampling should be designed to effectively encompass the natural seasonal variability and peak community development. The required number of samples per year depends on the objectives of the survey and its specific applications. If sampling is less frequent (e.g., annually) or limited to a single assessment, the focus should be on metrics that integrate conditions over longer periods of time and are therefore not susceptible to short-term fluctuations. Nevertheless, wherever logistically or financially possible, sampling should be conducted during more than one season to allow for an integrated assessment of the biotic community in relation to their abiotic environment including nutrient conditions. When comparing habitats, they should be sampled at approximately the same time of year to minimise any disruptive influence of seasonal variation on microbial community composition (Office of Water, 2002).




4.5 Integration of different sampling methods

The choice of the sampling methods is crucial for any successful sampling campaign. The methods applied should correspond to the proportionally representative sampling, the sampling strategy, and the temporal and spatial sampling effort. Essentially, sampling methods are also influenced by existing facilities/infrastructure access and staff expertise.



4.5.1 Sediment: grab sampler, corer, sediment traps and advanced samplers

The selection of sampling methods depends on several factors such as water depth, type of samples, mass of sediments needed, characteristics of the sediments, among others (Tuit and Wait, 2020). The sampling equipment and strategies should be optimised based on the characteristics of the sediment (i.e., organic matter content, grain size, etc.). Furthermore, the target depth of the sediment layer may depend on the purpose of the study (i.e., surface sediments versus deep sediments), taking into account the depth of the oxic versus anoxic layers, and the time required to obtain samples from deep sediments.

Three types of sampling devices can be distinguished: (1) hand samplers or corers; (2) grab samplers, and (3) core samplers (Tuit and Wait, 2020) (Figure 4). Hand corers can be used for collecting surface sediment when using waders (< 1 m depth) and subsurface sediment (< 30 m depth) or driven into the sediment by divers (SCUBA). Hand sampling consists of inserting these devices into the sediments. Hand samplers include scoops, spoons, shovels, sterile plastic bags, and augers, which are used specially to collect surface sediments from shallow waters. Buckets or tube augers are other hand samplers commonly used for surface sediment sampling. However, a limitation of this method is the cross-contamination between sampling depth intervals (Schoenleber, 2005). Grab samplers, dredge samplers or mud snappers are often used for sediment collections < 30 m depth. The most common are the Birge-Ekman and Van Veen types. The Birge-Ekman sampler is mostly used to collect soft sediment in shallow waters and can be operated by handline from a boat or while wading, while the Van Veen sampler is able to collect a deeper range of sediment samples and is usually driven by a winch from a boat (Batley and Simpson, 2016). The core samplers are simple devices widely used for surface and subsurface sediment collection. These are composed of a core tube and a heavy weight to push the core tube into the sediment. These tools can be used to collect samples at different depths, are low-cost and can be manufactured from a variety of materials. They comprise gravity corers that are able to collect sediments with up to 6 m of coring length (Chen et al., 2013); piston corers, which can collect sediments up to 20 m in length in waters depths of 100 m to 5,000 m (Hollister et al., 1973); box corers, which are designed to take samples from the top of the seafloor to a maximum depth of < 1 m (Batley and Simpson, 2016; Hopkins, 2007); and vibra-corers, capable of retrieving continuous, undisturbed sediments up to 5,000 m in depth with the length of core samples up to 13 m in length (Reed et al., 2005).

[image: Three-panel image showing different sediment sampling methods. Left: A grab sampler above water with a scenic background. Middle: A core sampler partially submerged in water from a boat. Right: A person with gloves collecting a sediment sample in a container from a shallow area.]
Figure 4 | From left to right. Van Veen grab sampler, corers used for sampling muddy sea bottom (middle photograph), hand corer (with courtesy of Eylem Atak and Daniel Bosch).

To gain high spatial and temporal resolution of sampling, automated advanced samplers are used. They have the advantage of collecting high-resolution data without the need to deploy scientists in the sea and can therefore operate in all weather conditions. Their disadvantages, however, are higher costs and maintenance requirements. Advanced core samplers have been developed to collect deep-sea sediments, including the following devices: pressure core barrel (PCB), advanced piston corer (APC), pressure core sampler (PCS), Fugro pressure corer (FPC) and many more (He et al., 2020). To collect deep-sea sediments, Remotely Operated Vehicles, ROVs (used for depths between 100 – 4,500 m), Autonomous Underwater Vehicles, AUVs (used for depths between 100 – 6,500 m) and multicorers (used for depths between 100 – 1,400 m) (Jones, 2009; Wakita et al., 2010) are often used.

Finally, sediment traps can be deployed on various platform designs, including neutrally buoyant sediment traps (Estapa et al., 2020) (Figure 5A), surface tethered sediment traps (Knauer et al., 1979) (Figure 5B) on the base of a Wirewalker profiler (Rainville and Pinkel, 2001) (Figure 5C) or simpler sediment traps that are placed at the bottom to monitor the amount of sediment collected in a given amount of time. These sediment traps collect microorganisms and particles with a high temporal and spatial resolution, in addition to collecting physico-chemical and bio-optical data by the advanced platform itself (Durkin et al., 2021, 2022) (Figure 5). Their optimisation and constant upgrade are essential in representative sampling (Omand et al., 2017; Staudinger et al., 2018; Daniel et al., 2020; Estapa et al., 2020).

[image: Presentation of different sediment sampling platforms. Panel A shows the deployment of autonomous platforms. Panel B depicts buoyant sediment traps. Panel C displays wire-walkers.]
Figure 5 | Autonomous platforms equipped with various sensors and sediment traps: Neutrally buoyant sediment trap (A), Sediment traps (B), Wire-walker (C).




4.5.2 Water column: pumps, water samplers and nets

The biggest challenge in exploring the diversity in the water column is the patchy distribution and constant dispersion of particles, including microorganisms. Thus, the first and most important step in plankton diversity research is to effectively plan the sampling strategy, which needs to be highly adaptive, depending on the environment and the target organism group. The sampling strategy should be determined in situ to optimize discrete sample distribution based on the vertical physical-chemical profile and chlorophyll-a fluorescence (CTD probe with fluorimeter and preferably optical instruments, Figure 3A). When sampling with a scientific research vessel, the best option is a rosette of Niskin samplers equipped with a CTD profiler, where the samples are taken during the CTD cast (Figure 3B). To gain high spatial diversity, a CTD can be mounted onto an underwater vehicle – an undulator that can be autonomous and/or towed by a research vessel (Figure 3C). This enables high spatial and temporal screening of the area and subsequently adaptive sampling. Plankton can also be sampled with pumps and nets of various mesh sizes (Figure 6). The advantage of a pump is the volume of water that can be filtered, which is much greater than that collected with Niskin bottles. The seawater collected with these devices can then be (pre‐)filtered through a mesh of 200 μm and 20 μm, and additionally filtered through a 5 μm mesh to obtain a range of plankton size fractions for further analyses. The benefit of using nets with larger mesh sizes is the ability to sample greater volumes of water, however, this method also runs the risk of losing smaller organisms. For example, for ballast water sampling on board, a hand pump is used. This pump is light-weight and compact in design. It is approximately 30 cm long with a diameter of 5 cm. The water should be filtered to enable the transport of smaller volumes of water (David and Gollasch, 2015).

[image: Two images show marine research zooplankton nets with various mesh sizes. The first image features a blue and white net partially submerged in blue waters with rocky cliffs in the background. The second image shows an orange and white net being lowered into the ocean from a vessel by a crew member in an orange suit.]
Figure 6 | Zooplankton nets of various mesh sizes.

During the circumglobal Tara Oceans expedition (2009-2013), large volumes of sea water were collected with peristaltic pumps and plankton nets of various mesh sizes focusing on two sampling depths: subsurface mixed-layer waters and the deep chlorophyll maximum (DCM) at the top of the thermocline (De Vargas et al., 2015). The sampling design therefore enabled a wide geographical range of sampling and allowed for sampling of larger water volumes, thus elucidating much higher eukaryotic diversity of heterotrophic protists, including uncommonly sampled life forms such as parasites and photosymbiotic taxa (De Vargas et al., 2015). However, an important bottleneck has to be considered in sampling design of large expeditions, which is the lack of ship-time available for work at specific stations. To address this, the sampling approach during the following Tara Ocean expedition (2016-2018) (Gorsky et al., 2019) was optimized. The surface water was continuously pumped with a membrane pump through the hull inlet located 1.5 m under the waterline, from there, circulated through a debubbler and distributed to several flow-through instruments to optimise physical, bio-chemical, optical and genomic methods, and gain insights into the entire plankton community of the surface layer (Gorsky et al., 2019). Additionally, to collect microorganisms while sailing, the “Dolphin” sampler and “High Speed Net” (HSN) were designed to collect seawater and neustons of size < 2,000 mm and of size > 300 mm, respectively (Gorsky et al., 2019). Sampled seawater was prefiltered, and subsequently size fractionated by filtration to obtain samples for further analyses.

With regard to biotechnological applications, collection of e.g., cyanobacteria or other microalgal biomass from natural water bodies may offer a direct source of bioactive compounds (pigments, toxins, other bioactive compounds), sometimes bypassing the need for laboratory cultivation. The development of inland water crafts that can be used for the physical collection of surface blooms is gaining increasing attention and some are commercially available already. One of the oldest collection techniques has been used in Klamath Lake, USA, since 1987. The main idea of this technique is the vessel that harvests the biomass of Aphanizomenon flos-aquae (Carmichael et al., 2000) using in situ filtration. There are several pilot scale prototypes for harvesting biomass e.g., oil boom and forming fabric construction tested by Gröndahl (Gröndahl, 2009), AS-S, AS-L and AS-LAND prototypes for the collection of cyanobacteria biomass and macroalgae mats which were already patented at the State Patent Bureau of the Republic of Lithuania (Patent No. 7081) (Nature Research Centre, 2024).




4.5.3 General: diving

An excellent added value to the sediment and water column methods described above is scientific diving. The main advantage of diving is the ability to collect fine samples of benthic organisms and the water column. Also, unless the sampling tools described above are equipped with photographic or video cameras, a broader picture of the sampling area is not readily available. This can result in collecting samples which may or may not be representative. However, even if the sampling tool is equipped with a camera, the information can be overlooked due to the decreased visibility along the water column, sediment resuspension, resolution or equipment malfunction. In shallower areas, properly trained SCUBA divers are able to explore and perform direct hand sampling using various tools for sample collection, such as cores or photographic and video recording (Novosel et al., 2004; Kružić et al., 2012; Zunino et al., 2018), or deploy sensitive scientific equipment (Orlić et al., 2011) (Figure 7).

[image: A scuba diver in a black wetsuit and hood is using manual sensor mounting to collect samples.]
Figure 7 | Underwater manual sensor mounting by diver.






5 Post sampling



5.1 Fixation-dependent approaches

Once the samples have been collected, they need to be preserved before analyses. The choice of preservation method depends on the organisms, environment, and planned methods of analyses.

Fixatives are by definition toxic, i.e., they have the ability to inhibit the growth of microorganisms. Despite this disadvantage, fixatives enable the preservation of microorganisms prior to their analysis/assessment. The main criteria for a suitable fixative are: (i) it must not inflict loss of targeted microorganisms, (ii) it must prevent microbial decomposition of the organic material during sample storage and (iii) it must ensure good preservation of morphological characteristics that allow for the identification of taxa during analysis (Institute for Standardization of Montenegro, 2014). It is therefore important to use fixatives at the recommended concentrations, consistent with laboratory protocols and guidelines, and to take safety precautions for the personnel involved. Particular attention should be paid to samples analysed by molecular methods, as fixatives can disrupt subsequent analyses.



5.1.1 Fixatives and preservatives

Various fixatives are commonly used for preservation of microorganisms from seawater, sediment, and biofilms, and the selection of an appropriate fixative or preservative depends on the purpose of the analysis.

Glutaraldehyde is a fixative known for its exceptional ability to preserve ultrastructural details. It achieves this through strong cross-linking of proteins, making it particularly suitable for electron microscopy. Its rapid penetration allows for fast fixation, and it maintains fine cellular structures with minimal distortion. Microorganisms are frequently preserved in their culture media and in a 10-50% glycerol solution at a proportion of 7:2 and stored at -80°C. When analysing prokaryotes in water samples using fluorescence microscopy or flow cytometry, samples can also be preserved with different fixatives (e.g., buffered formaldehyde solution 0.1%-1% v/v final concentration). After that, the abundance of prokaryotes can be evaluated by staining with fluorescence dyes (Porter and Feig, 1980). However, glutaraldehyde is not suitable when nucleic acid integrity is required. There is also a risk of overfixation. Additionally, glutaraldehyde is both toxic and irritating, necessitating strict safety protocols and proper laboratory ventilation.

Lugol’s solution is a mixture of iodine (I2) and potassium iodide (KI), colouring the samples in golden brown (British Standards Institute (BSI), 2011). It is a simple and an inexpensive fixative, often used for quick applications. To preserve seawater samples, 0.25 – 0.5 mL of acid Lugol’s solution per 100 mL of sample should be added immediately after sampling. For eutrophic waters, the quantity of the preservative may be increased up to 1–2 mL of Lugol’s solution per 100 mL of sample. Lugol-preserved samples should be stored in the dark and at a temperature of 4 to 8°C until analysis. Samples should be analysed within a few months. It is also unsuitable for high-resolution ultrastructural studies such as electron microscopy. The iodine component can lead to cell shrinkage and alter the refractive index of samples, and it offers limited preservation of proteins and nucleic acids.

Alcohol-based fixatives, such as ethanol, function primarily by dehydrating and precipitating cellular proteins. They are widely used because they are effective at preserving DNA and RNA, and are simple, inexpensive, and broadly accessible. Alcohols are also considered to be less hazardous than aldehydes. Ethanol is especially useful for genetic studies and is compatible with subsequent molecular techniques. On the downside, alcohols offer poor ultrastructural preservation and can cause cellular shrinkage and membrane damage. Additionally, alcohols dissolve lipids, which makes them unsuitable for lipid studies, and they may distort cellular morphology more than aldehyde-based fixatives.

Formaldehyde (CH2O), also known as formalin, is the most commonly used fixative for sample preservation. Due to the flammability of concentrated formaldehyde, the standard maximum concentration solution is 37% formaldehyde. Thus, 2% formalin is a 2% solution of the standard formaldehyde solution, not 2% formaldehyde. Formaldehyde, however, slowly transforms into formic acid and methanol (the ‘Cannizzaro reaction’), which negatively affects fixation and preservation. For this reason, formaldehyde should not be kept in stock for too long and should be buffered to pH 8 or 9. A suitable buffer is hexamethylenetetramine. If the concentration of formaldehyde exceeds 20% volume fraction, there is a risk of precipitation. It is a known carcinogen and must be handled with care. It is not ideal for the preservation of nucleic acids, as it causes fragmentation and cross-linking of DNA and RNA. Over time, formalin can polymerize into paraformaldehyde, which reduces its effectiveness.

In contrast to these classical fixatives, DNA/RNA Shield and RNAlater are not designed to preserve morphology, but rather to stabilize nucleic acids for downstream molecular applications. These agents are best described as preservatives, rather than fixatives, and they excel in preserving RNA and DNA without the need for immediate freezing.

DNA/RNA Shield is especially notable for its ability to inactivate pathogens, including viruses and bacteria, upon contact. This feature enhances biosafety during sample handling. It also allows for room-temperature storage and transport, which is particularly valuable in field conditions or settings without access to cold storage. The preservative is compatible with a wide range of sample types. Its primary limitations are its higher cost compared to traditional methods and absence of morphological preservation.

RNAlater is designed to rapidly penetrate tissues and stabilize RNA, making it a reliable choice for transcriptomic studies including qPCR, RNA sequencing, and microarray analysis. It allows short-term storage at 4°C and long-term preservation at -20°C or -80°C. RNAlater is easy to use in both laboratory and field settings and is compatible with many types of RNA extraction protocols. Like DNA/RNA Shield, RNAlater does not preserve cellular morphology.

In conclusion, the ideal choice of fixative or preservative depends on the analytical goal. When morphological preservation is critical, glutaraldehyde and formalin are the preferred options, glutaraldehyde for electron microscopy and formalin for routine analyses. When preserving nucleic acids is the priority, DNA/RNA Shield and RNAlater offer superior stabilization of RNA and DNA without requiring immediate freezing. Alcohols provide a middle ground, offering decent nucleic acid preservation with moderate morphological distortion. Lugol’s solution is best reserved for rapid, low-cost diagnostic purposes. If both structural and molecular analyses are required, the best practice is to prepare parallel samples using different preservation strategies, as no single fixative can optimally serve both purposes.




5.1.2 Cryopreservation

For microbial diversity analysis (i.e., using molecular techniques such as DNA sequencing), water is typically filtered on 0.2 µm polycarbonate filters to concentrate the microbial sample. Filters, biofilms and sediment samples are directly transferred into sterile cryovials that are RNase and DNase-free. Samples can be transported in cryogenic containers (liquid nitrogen or dry-ice) and stored at -20°C/-80°C (Bruce et al., 2021; Pawlowski et al., 2022).

When community composition is investigated by Fluorescence in situ hybridization (FISH) and Catalysed Reported FISH (CARD-FISH), samples can be fixed and subsequently cryopreserved. These hybridization techniques allow for the quantification of bacterial abundance in the indigenous marine consortium. To apply these hybridization techniques, water is sampled and triplicate aliquots (e.g., 50 mL) are immediately fixed with buffered formaldehyde solution (0.1%-1% v/v final concentration). Subsamples (1 mL, depending on cell abundance) of fixed water are filtered on polycarbonate membrane filters (pore size 0.2 µm, 47 mm diameter) by gentle vacuum pressure (< 0.2 bar) within 24 hours following fixation. Filters can be stored at -20°C until further processing (Pizzetti et al., 2016). For sediments, an efficient detachment and purification of bacterial cells associated with streambed sediment is required prior to fixation and cryopreservation (Amalfitano and Fazi, 2008). For biofilms, samples can be collected by scraping the original substrate (e.g., stones) and subsequent filtering. When working on filtered samples, however, information on the spatial distribution of specific bacterial clusters within the community structure is lost (Olapade and Leff, 2005; Fazi et al., 2007; Braun et al., 2009). To visualize specific cells, while maintaining an unaltered 3D structure of the biofilm, substantial improvements have been made by utilizing CARD FISH in combination with Confocal Laser Scanning Microscopy (see CLSMFISH in (Amann et al., 1998)). This protocol allows for the simultaneous identification and the spatial localization of cells, while maintaining an unaltered natural architecture of the biofilm. Microscope chambered glass slides (e.g., 10-well diagnostic microscope epoxy coated slides; well diameter: 6.7 mm from Thermo Scientific, Germany) can be utilized as artificial substrates for microbial growth. After collection, the slides can be fixed with buffered formaldehyde solution (0.1%-1% v/v final concentration) and stored at 4°C for less than 24 hours, or alternatively fixed with ethanol (50% final concentration) and stored at -20°C. CARD–FISH can be performed directly in the wells of the glass slide as proposed by Lupini et al. (2011). Hybridized cells are then quantified by Confocal Laser Scanning Microscopy (CLSM) and the three-dimensional reconstruction of CLSM images allows for the precise location of specific bacterial cells within the biofilm structure and details the dynamic patterns of colonization.

For long-term preservation of non-living microalgal cultures, freeze-drying (lyophilization/storage in ultra-low temperature in liquid nitrogen) is the most common technique. Lyophilization removes water from a frozen sample via sublimation and it is an effective and established technique that is used in many culture collections centres and universities (McGrath et al., 1978). There are many studies on lyophilization of microalgae (Wolkers and Oldenhof, 2021) and its effects on biomass composition, culture growth or biomass production of microalgae (Ryckebosch et al., 2011; Guldhe et al., 2014; Grossmann et al., 2018).

Cryopreservation is used to preserve live cells. Culture collections around the world use cryopreservation as long-term storage of viable cells (Frenea-Robin and Marchalot, 2022; Foo et al., 2023). For long-term preservation, cryopreservation with DMSO is the most preferred method. However, many diatom species cannot be cryopreserved using DMSO. Therefore, Stock et al. (2018) used different concentrations of DMSO and Plant Vitrification Solution 2 (PVS2) as an alternative cryoprotectant to DMSO. They have shown that the selection of cryoprotectant type and its concentration are important factors for the preservation of diatoms, with the success of preservation also species-dependent (Safarik et al., 2016).





5.2 Fixation-independent approaches



5.2.1 Immunomagnetic separation

Immunomagnetic separation (IMS) of target microorganisms is based on using magnetic nano- and microparticles with bound specific monoclonal or polyclonal antibodies (Abs) against appropriate cell surface epitopes (Liu et al., 2024b; Wang et al., 2020). When immunomagnetic particles (IMPs) are added to the cell suspension or appropriate homogenate, they selectively attach to target cells. After incubation, target cells with attached magnetic particles (including excess IMPs) are isolated using an appropriate magnetic separator. In the direct method, the appropriate Abs are coupled to the magnetic particles, which are then directly added to the cells-containing sample. In the indirect procedure, the cell suspension is first incubated with primary Abs, which bind to the target cells. Afterwards, magnetic particles with immobilized secondary Abs against the primary Ab, or protein A, or protein G are added, permitting magnetic beads to bind rapidly and firmly to the primary Abs on the target cells (Escalante-Maldonado et al., 2015; Safarik et al., 2016). Alternatively, biotin-conjugated primary Abs can be captured by streptavidin-bound magnetic particles (Aguilera et al., 2002).




5.2.2 Live samples for culture-dependent techniques

In contrast to preserved samples, live samples should be stored in the dark at a temperature of 4°C to 10°C. The storage time should not exceed 36 hours. Storage at lower temperatures slows down the physico-chemical processes and leads to a reduction in sample quality (Institute for Standardization of Montenegro, 2014). Due to the small size of the microorganisms and the lack of distinct morphological characteristics, taxonomic analyses are largely dependent on culturing. Culturing enables further taxonomic and physiological analyses of the organisms, testing of their biotechnological potential and establishing culture collections. As far as bacteria are concerned, it has been estimated that only 1% of environmental bacteria have been cultured (Hofer, 2018). Over the last few decades however, the proportion of cultured microorganisms has increased well beyond the 2% due to several innovative methods and strategies that better mimic natural conditions and target specific microbial growth requirements (Martiny, 2019). Simulated natural environment cultivation, co-culture and microdroplet encapsulation, in situ cultivation devices, targeted liquid cultivation methods, microfluidic and cell sorting technologies are methods that increased significantly the success of microbial cultivation (Stewart, 2012; Vartoukian, 2016; Kapinusova et al., 2023; Seo et al., 2023). Simulated natural environment cultivation uses devices like diffusion chambers and the ichips that allow microorganisms to be incubated in situ or under conditions closely mimicking their natural habitats. These chambers have semi-permeable membranes that permit the passage of growth factors and signalling molecules from the environment, facilitating the growth of bacteria that depend on community interactions and natural chemical cues (Vartoukian, 2016). Encapsulation of single bacterial cells in microdroplets of agarose or alginate microbeads allows bacteria to grow “together but apart,” maintaining cell-to-cell communication while preventing overgrowth by faster growers. Co-culture and microdroplet encapsulation methods are especially suitable for rare and previously uncultured lineages, such as Planctomycetales and Alphaproteobacteria (Stewart, 2012; Kapinusova et al., 2023). In situ cultivation devices use hollow-fibre membrane chambers, diffusion bioreactors, soil substrate membrane systems, and microbe domestication pods that enable cultivation directly within the natural environment or with environmental parameters maintained. These devices help provide natural growth factors and conditions that are often missing in standard laboratory media (Kapinusova et al., 2023; Seo et al., 2023). New methods like Non-Colony-Forming Liquid Cultivation (NCFLC) selectively isolate microbes that do not form colonies on agar plates by using liquid media and gentle processing of environmental samples (Seo et al., 2023). Microfluidic devices such as nanoporous microbial incubators and chemotactic droplet sorting allow high-throughput cultivation and isolation of microbes in very small volumes, facilitating the study of rare or slow-growing species (Kapinusova et al., 2023; Seo et al., 2023). Although new cultivation methods have greatly improved access to a wider range of microbes, they are not yet commonly used in most laboratories. This is mainly because they require special equipment, are complex to use, and can be expensive or not easy to use regularly, on a large scale, or in clinical labs (Chaudhary et al., 2019; Jung et al., 2021).

For growing a mixed culture expected to contain microorganisms, mainly diatoms, dinoflagellates, cryptophytes, haptophytes, and heterotrophic nanoflagellates, live samples should be inoculated in Marine Water Enrichment Solution (preferably f/2), immediately upon arrival in the laboratory. Target cells should then be isolated and filtered through Nucleopore polycarbonate membrane filters with a pore size of 3.0 µm into fresh medium using a syringe and filter holder. After filtration, isolation followed by dilution, which consists of repeatedly transferring a sub-volume of a culture (1/10 of the medium volume) into a fresh medium (9/10 of the medium volume) is used to obtain a statistically likely quantity of one cell per tube at the end of the series (Knight-Jones, 1951; Throndsen, 1978). After a desired culture is established, it should then be transferred regularly into fresh medium, at period intervals depending on the microorganism, to maintain the cells in an exponential growth phase.

In long-term culturing, storage conditions such as time, initial biomass concentration, presence or absence of light and addition of preservatives affect the biochemical composition of cultured cells. The identification of optimal conditions for long-term preservation is especially important for commercially important species. Such an example is the microalga Nannochloropsis gaditana, used commercially to produce biofuels and food additives, where optimal conditions for preservation should minimize the bacterial contamination and maximize fatty acid and pigment concentrations in cells (Camacho-Rodríguez et al., 2016).




5.2.3 Culture-independent techniques

Molecular methods, independent of microbial cultivation, are used to analyse biodiversity and community composition or to explore the biotechnologically relevant compounds produced by microorganisms in natural environments (Costa et al., 2020). They have become of increasing interest in recent years to avoid the reliance on culturing that excludes uncultured taxa from results. Currently, eDNA (environmental DNA) metabarcoding and metagenomics are mostly used to evaluate environmental biodiversity without the need to culture the samples. Both approaches offer distinct advantages and limitations. Metabarcoding, which involves amplification of short DNA fragments of selected genetic markers, is cost-effective, high-throughput, and well-suited for targeted taxonomic groups (Taberlet et al., 2012; Deiner et al., 2017). However, it is limited by PCR bias, which can preferentially amplify certain taxa, and often provides only genus-level taxonomic resolution, especially when using short reads (Clarke et al., 2014; Callahan et al., 2017). With the development of third-generation sequencing technologies, such as full-length 16S rRNA gene sequencing, species- and even sub-species-level identification has become increasingly feasible (Karst et al., 2021).

In contrast, metagenomics sequences the entire genomic DNA of a sample, avoiding primer bias and enabling the detection of both known and novel and/or uncultured taxa. It provides simultaneous taxonomic and functional profiling, offering insights into the metabolic potential of microbial communities (Quince et al., 2017; Rieder et al., 2023; Serite et al., 2023). Furthermore, metagenomic data can be used to assemble near-complete genomes (metagenome-assembled genomes), which help describe new candidate taxa and understand ecological functions (Parks et al., 2017; Serite et al., 2023).

An important distinction to highlight, which also affects the design of sampling campaigns, is between eDNA and bulk/community DNA. eDNA is generally extracted from environmental samples (e.g., water filtered in the marine environment) that capture both free DNA shed from macro and planktonic microorganisms, resulting in a mixture of biological materials. In contrast, bulk/community DNA is specifically extracted from physically collected and isolated mixtures of whole organisms or biological source materials (e.g., tissue samples, benthic organisms) obtained from the marine environment (Deiner et al., 2017). DNA metabarcoding of bulk samples is enables comparisons across studies and time points, but requires harmonization in protocols such as pre-processing, DNA extraction, PCR, and sequencing itself (Van Der Loos and Nijland, 2021). Bulk sample metabarcoding most closely resembles traditional taxonomic biodiversity biomonitoring, whereas eDNA approaches are particularly suitable for detecting ecosystem changes and identifying new, rare, invasive, or elusive species (Macher et al., 2018; Ruppert et al., 2019).

For microbial diversity analysis by metabarcoding and metagenomics, seawater from Niskin bottles is transferred in sterile bottles (1–2 L) at a given depth. Composite sampling of the entire water column can also be assessed by mixing equal amounts of different sampled depths. Samples are filtered on deck on 0.2 μm polycarbonate filters. The aliquots to be filtered depend on the abundance of free-living and particle-associated microorganisms. As a general rule of thumb, it is suggested that up to 1 L of seawater is filtered, or up to clogging of the filter (Babić et al., 2017; Mucko et al., 2018). Eukaryotic fractions of all sizes can also be filtered on 0.2 μm polycarbonate filters, but larger volumes are recommended (up to 10 L). In that case, all fractions are stored on the same filter and there is no loss of information from any fraction. Filters are stored in sterile (RNase, DNase-free) cryo vials and immediately placed in cryogenic containers (liquid nitrogen or dry-ice) until their arrival to the laboratory, where they can be stored long term at -20°C/-80°C (Matek et al., 2023).




5.2.4 Culture collections, biobanks and biorepositories

Culture collections and biobanks supply organisms for research, commercial and educational purposes. While culture collections were established with the primary goal to preserve strains, biobanks are often fulfilling more specific quality standards regarding the management of the genetic resources and their relative data (DiEuliis et al., 2016; McCluskey et al., 2017; De Vero et al., 2019). Thus, biobanks (or microbial Biological Resource centres, mBRCs) operate in a quality-controlled manner and must fulfil the quality standards required by the industry and by the scientific community (Janssens et al., 2010; Overmann, 2015). This makes mBRCs key elements in sustaining international scientific infrastructures for the development of biotechnology and the bioeconomy. The World Federation for Culture Collections (WFCC) organized a platform, data centre and information resource in World Data Centre for Microorganisms (WDCM, https://www.wdcm.org/). According to WDCM, there are 843 culture collections around the world available to both academia and bioindustry, with about 3,539,328 microbial strains (https://ccinfo.wdcm.org/). There are also specialized culture collections. As an example for algae, there are hundreds of collections worldwide, however only around 40 algal culture collections are public. These collections provide nearly 5,000 species of algae registered in the WDCM (https://brphycsoc.org/algal-culture-collections-in-the-omics-age). Regarding marine fungi, an example of a specialized collection is the Turin University Culture Collection (TUCC- https://www.tucc.unito.it/) that currently preserves more than 2,000 marine fungal strains and provides different services including the isolation, identification and characterization of marine fungi. Another microbial culture collection worth mentioning is The Microbial Culture Collection Ex within the University of Ljubljana, Slovenia (https://www.ex-genebank.com/index.php/en/about-microbial-culture-collection-ex), one of the few global collections that is specialised in the isolation and preservation of eukaryotic extremophilic fungi, but also having bacterial, archaeal and algal strains.

The main role of culture collections is to maintain and preserve strains. However, most collections do much more than that. For example, on top of maintenance and international distribution of cultures, the Culture Collection of Algae and Protozoa also provides a variety of services covering taxonomy, genomic and analytical services, patent and confidential deposits, method development, consultancy and even medium scale (> 200 L) cultivation (https://www.ccap.ac.uk). Culture collections obtain cultures from donations, exchanges and ongoing isolation. Many public culture collections have been around for decades and despite their important contribution to science and humankind, culture collections are rarely commercially independent. Public culture collections are often associated with universities and lack long-term financial stability.

The most recent and important mBRC network in Europe is MIRRI (Microbial Resource Research Infrastructure, http://www.mirri.org) which seeks to improve access to high-quality microbial resources, associated services and (meta)data by creating a pan-European, distributed infrastructure of culture collections, mBRCs and stakeholders. Within MIRRI there are many institutions working on algae, marine fungi and bacteria. Biobanks and biorepositories contribute to the preservation of marine diversity by complementing traditional in situ conservation techniques with ex situ procedures that are safe and reproducible, and guarantee a long-term storage of biological specimens. An important EU Research Infrastructure is EMBRC (European Marine Biological Resource Centre, https://www.embrc.eu/) which coordinates numerous biobanks and biorepositories specifically dedicated to provide marine biological resources to academic and industrial researchers. These networks are becoming important tools to foster research and innovation in marine biotechnology, creating interconnected pipelines by providing capacity building and services to support research innovation and development, data management and sharing, education and knowledge transfer.




5.2.5 Digitisation and data sharing

An important aspect to consider and that relates to obtaining and maintaining cultures and biorepositories is the digitisation of metadata following FAIR (findable, accessible, interoperable and reusable) principles (Wilkinson et al., 2016), which is becoming a standard requirement in modern science. It negates the need for arduously storing hard copies of data, which often require space and proper storage. There is also the possibility that physical copies of datasheets may be misplaced or damaged. Digitisation of information not only ensures the long-term storage of data but allows for such information to be easily shared with academic or industrial collaborators, stakeholders or policy makers. Biodiversity collections and data sharing have been profoundly impacted by the digital era. Indeed, the use of technology for the organisation, digitisation and sharing of vast amounts of biodiversity-related data has accelerated scientific advancements. This is evidenced within biodiversity collections, that are becoming increasingly available to a broader audience, creating more opportunities for novel scientific discoveries and knowledge creation.

However, as membership and access to information and data within several existing (public or private) biodiversity collections are often linked to paid memberships, which can be of significant costs, alternative approaches have been developed to provide open access to data and information on marine resources. An example is the Ocean4Biotech COST Action (Rotter et al., 2021), where a web database linked to local or laboratory-specific biodiversity collections was developed (http://o4b.biomarep.org/). This initiative follows on from the development of marine biorepositories as described by Reddy et al. (2021). The central aim of the database was to organize, digitise, and store vast amounts of metadata linked to specimens, including but not limited to the name of the species, sampling locations, collection dates or methods used to sample. Specimens are also associated with photographs where necessary and all collections are linked to access and benefit sharing agreements such as the Nagoya protocol as well as local and regional permits requirements. This ensures that collections follow the necessary regulations and are transparent to all end-users. The Ocean4Biotech web database has limited the need for curation of species names by directly linking to the World Register of Marine Species, WORMS (https://www.marinespecies.org/). This means that the updated species naming is done automatically on the web database, as names are updated on WORMS. The Ocean4Biotech web database is also the first of its kind to allow for the integration of multiple sources of data such as DNA, chemistry or biological activity, enabling researchers to work in a multidisciplinary way. The web database will in the future include an integrative mapping tool allowing for the visualisation of species distributions over time and their potential applications. It will also include species or strains that can be easily accessed from partner labs, allowing for much broader research scopes than is achieved when working independently. In other words, samples or strains can be added to any study to achieve a broader phylogenetic or geographic scope. This tool will be invaluable for conservationists and policy makers. It currently also includes a tracking function which allows all users to trace samples and receive live feedback as results are generated. We also ensured that all data, such as DNA and metabolites were publicly accessible on GenBank or MetaboLights.

The Ocean4Biotech web database platform is currently available to members of the recently concluded COST Action and has resulted in the development of satellites from 12 countries ranging from Ireland to South Africa (Figure 8). Each satellite web database is fully visible to its lab members and collaborators and the access of information to the public can be easily controlled. For example, some research groups may prefer to only release information following the publication of those results. This platform has provided a standard web database management system that will prevent research groups from duplicating similar efforts which is both time consuming and costly.

[image: A world map highlighting various locations in Europe and Africa with blue marker icons. The markers show the countries that have provided data for sample (voucher) availabilities from various monitoringcampaigns. The map includes country names in different languages.]
Figure 8 | Map showing the distribution of laboratories (i.e., the satellites) currently using the Ocean4Biotech web database. For more details visit: https://biomarep.org/.






6 Inclusion of a multidisciplinary approach

Sampling is the first step when establishing environmental monitoring campaigns or driving the biodiscovery processes, both of which entail long-term and financially-consuming collaborations. For example, the time frame of discovery and marketing of novel marine-derived compounds range from a minimum of several years to several decades, with costs that can amount to over $800 million (Ferrer et al., 2019; Reddy et al., 2021). During this long timeframe, several sampling campaigns may be organized, thus generating a comprehensive understanding of a particular environment (Knight et al., 2012) and, as such, inherently demanding interdisciplinary collaborations.

Collaboration between biologists, chemists, physicists, data analysts (statisticians, bioinformaticians), and data managers is necessary to integrate and utilise the information obtained and generate knowledge (Cristini et al., 2016; Rotter et al., 2021; Sigwart et al., 2021). Collaboration between different sectors includes (i) indigenous communities that can constitute part of the scientific collaborators rather than being considered as by-standers or local stakeholders (Claudie et al., 2012). (ii) Partnerships between academia and industry that share both risks and benefits (Semple et al., 2022). (iii) The involvement of legal and economic experts to help steer biodiscovery in the right direction by considering the economic feasibility of novel products/processes while taking into account the legal framework (Rotter et al., 2021). (iv) Collaboration with non-professionals (i.e., volunteers) through their commitment, enthusiasm and acting as local stakeholders (Pocock et al., 2015). In addition, collaborative agreements can be set in place to protect indigenous intellectual property (IP), establish mutual trust, confidentiality, and a mechanism for benefit sharing if any commercialisation results from the jointly generated IP (Harden-Davies, 2017; Semple et al., 2022).

Despite their importance, limited programs have been supported to date that allow minimal direct transdisciplinary and multidisciplinary interaction (Knight et al., 2012). Nevertheless, multidisciplinary approaches remain imperative to finance by promoting and defining a legal framework supporting research and innovation (Harden-Davies, 2017).




7 Scientific innovation in the field of sampling strategies for microbial diversity in the sea and ocean

As marine environments still remain largely underexplored and undervalued (Rotter et al., 2021), advances on developing new sampling strategies, either in terms of technology, processing or harmonization of techniques, are to be expected. Seawater sampling advances have been focusing on three levels: samplers, data and sampling management.

	Sampling devices, capable of retaining pressure, which can accurately maintain the original physical and chemical properties of the sample, have been an ongoing area of research (Wang et al., 2024). The next generation of samplers already considers modular composition, where sampling modules are coupled with sensors to record physical ocean data, providing more information for environmental monitoring (Wang et al., 2024). These can also be automated, using robotic equipment. Nevertheless, the development trends in this area continuously demand education, maintenance, update of hardware or software, technical support, manufacturing and simplification of equipment use. There are many examples of such automated platforms that collect in situ data generating continuous measurements of physical-chemical and biological data that are constantly upgraded. It is an innovative field with potential for creating niche specializations, and generating comparable sets of global data used in many circumglobal expeditions and projects offering in-depth insight in the world oceans of microbial life (Karsenti et al., 2011; Cetinić et al., 2024), carbon export (Brewin et al., 2023; Siegel et al., 2023) and biogeochemical cycles (Schlitzer et al., 2018).

	There is a clear need for adapting the samplers for representative sampling. An example that is being applied at the Marine Biology Station in Piran (National Institute of Biology), Slovenia illustrates compartmentalized sampling in water column, targeting samples in specific depths. Here, improvised vacuum samplers can be constructed. The strategy here is to insert a thin tube in the water column which will collect water samples in the first container. When the desired depth is reached, the first water container is discarded and the sampling tube is attached to the second one, thus ensuring that the sample from the desired depth alone is acquired (Figure 9). This guarantees that the sample remains intact and representative for the specific depth of interest, while protecting the pump. As seen in Figure 9, these vacuum pumps can be self-made, but they also represent an innovative potential for niche production.

	Specific environmental conditions or emergent societal challenges demand quick adaptations to introduce novel samplers and sampling techniques. One such example is the mucilage phenomenon, i.e., gelatinous aggregates of extracellular organic matter of phytoplanktonic origin that are sporadically occurring globally under special seasonal and trophic conditions (Mecozzi et al., 2001; Ricci et al., 2014). Scientifically, these aggregates have sparked interest in discovering the causes and the predictions for their formation, but they could also present environmental challenges due to potentially representing a substrate for microbial colonization, including pathogenic forms, or causing anoxia and death of species and negative economic impacts for fisheries and tourism (Danovaro et al., 2009; Kraus and Ivošević DeNardis, 2023). The process of mucilage formation is still not fully understood (Turk et al., 2010). Therefore, when mucilage aggregates occur, they are surveyed on the surface, as well as underwater using cameras (Öztürk et al., 2021). This provides supporting data for monitoring, while still demanding effective sampling solutions. For example, one solution is using syringes and experienced SCUBA divers (Figure 10, top), as a simple solution and quick response to this phenomenon and obtaining valuable samples of this viscous material. When larger volumes need to be sampled, syringe scale up can be constructed in house (Figure 10, bottom). Another example that well illustrates the reaction to societal challenges is provided by development of samplers for microplastics on water surfaces. Here, the challenge was to develop floating samplers so only the surface layers are sampled. One such protocol using manta nets and spinnaker booms was recently developed by Kovač Viršek et al. (2016) (Figure 11). Such samples can provide information about microplastic abundance, but also potential information on the plastisphere, which harbours different microbial communities or such with different metabolic mechanisms than the surrounding water, potentially also pathogenic ones (Du et al., 2022).

	Sampling management is being increasingly acknowledged and considerations on filtering time, sample storage, temperature, contamination prevention, storage conditions, sampling volumes, preservation conditions, costs, DNA extraction protocols, are now planned in advance (Pascoal et al., 2023; Patin and Goodwin, 2023), rather than decided ad hoc, possibly also harmonized, recorded and shared to enable a better comparison and interpretation of results from different sampling campaigns. Sampling materials also need to be taken into consideration. For example, if sampling the plastisphere, no plastic equipment or containers should be used, while on the other hand, if sampling, e.g., oil spills in search of potential microbial degradation therein and heavy metal pollution, plastic containers are preferred. Organizations that have sampling/monitoring at the core of their activities, could also design sampling routes in the plans of buildings, where one route is used for sterile equipment before sampling, while the other is used to bring and process samples post-sampling.

	Biorepositories represent a significant advancement in biodiversity collections, representing a major innovation in itself (Reddy et al., 2021). They go beyond this by integrating modern technologies for data management, sample processing, and accessibility. In future, the automated processing of biological data, alongside cloud-based storage, will improve the efficiency and scalability of biorepositories.



[image: Diagram depicting a sea water sampling setup. Several tubes are submerged at different depths, maintained by weights and a floating platform. The tubes are connected to a vacuum system with valves. A larger glass container with negative pressure collects samples, connected to a smaller container preventing water from entering the vacuum pump. Labels describe each component and its function. This pump enables sampling at specific depths, maintaining the representative nature of samples.]
Figure 9 | Inhouse-made vacuum pumps and collectors with the specific use for sampling on specific water depths.

[image: A diver uses a syringe to collect mucilage aggregates. Below, a longer sampling device is displayed.]
Figure 10 | Underwater sampling of mucilage aggregates proposing a simple solution of using syringes (in smaller; top and larger; bottom) scales and experienced SCUBA divers.

[image: Aerial view of a boat moving through water, leaving a wake behind. A small, triangular structure is attached to the boat with lines extending into the water. This device can be used for collecting microplastic samples.]
Figure 11 | Methodology for collecting microplastic samples from water surface, developed by Kovač Viršek, (2016). The full video is available from this reference.

Furthermore, as with many biological research facilities, there is increasing emphasis on the greening of processes and screening of samples. By reusing of equipment, wherever possible, biorepositories can reduce their environmental footprint. Additionally, research into more energy-efficient methods of cryopreservation will become increasingly important. More sustainable practices will also be explored in terms of preservatives and extraction buffers, with the goal of developing green alternatives that minimize the environmental impact while maintaining the long-term integrity fo biological samples. One exciting direction for biorepositories is decentralization, as demonstrated by initiatives such Ocean4Biotech, that was already introduced above. This approach involves distributing collections across various locations, which not only makes samples more accessible to a wider range of researchers and institutions but also improves the collaboration of biorepository networks. Decentralization encourages collaboration and ensures that valuable biodiversity data is available to a larger number of users globally (Reddy et al., 2021). To sustain and further expand these innovations, national ownership of biorepositories, coupled with funding from governments or international agencies, will be crucial. Government support can ensure that biorepositories are adequately funded and maintained over the long term, and that they remain accessible to the scientific community, industry partners and the public, facilitating the long-term preservation of biodiversity in the face of environmental and climate challenges (Reddy et al., 2021).




8 Legislation

Marine genetic resources (MGR) are currently the focus of great interest in science and biotechnology. However, for basic research and for any further knowledge exploitation, several international regulations have to be considered (Schneider et al., 2022). The Convention on Biological Diversity (CBD) is an international multilateral treaty imposing fair and equitable sharing of genetic resources. According to the Nagoya Protocol (NP), a specific CBD agreement published in 2010, any exchange of genetic materials accessed on or after October 12th, 2014 from a country of origin that is a Party to the Nagoya Protocol, must follow a strict set of rules and protocols. These include prior consent, material transfer agreements and/or Internationally Recognised Certificate of Compliance (IRCC) to ensure that genetic resources are shared fairly across different countries and their people. More information is available at the Access and Benefit-Sharing Clearing-House (ABSCH), a platform for exchanging information and a key tool for facilitating the implementation of the Nagoya Protocol (https://absch.cbd.int/).

When MGR are obtained from ex situ collections, the collection should have already acquired all the documentation for the acquisition of the resources in compliance with international regulations. When the MGR is accessed from in situ (sampling expedition), in addition to the CBD and NP, the United Nations Convention on the Law of the Sea (UNCLOS) provision has to be considered when deep sea and areas beyond national jurisdiction (ABNJ) are sampled. These regions represent the largest environments on the planet, yet are still unexplored (Rabone et al., 2019; Schneider et al., 2023).

When MGR are accessed from ex situ collections, the CBD and NP provisions apply since collections act as intermediaries in the accession, exploration and utilisation of genetic resources. Useful information can be found in the MIRRI Best Practice Manual on Access and Benefit Sharing, ABS (https://absch.cbd.int/database/A19A20/ABSCH-A19A20-SCBD-208213). This tool was designed to provide guidance for mBRCs to implement ABS institutional policies with regard to genetic resources and associated traditional knowledge, and more specifically for: (i) Managing acquisition of biological material for accession into the public collection. (ii) Transfer of material from the public collection to other mBRCs or third parties, and the delivery of other services. (iii) Access and internal use of material and benefit sharing by the mBRC. (iv) Managing documentation and data. (v) Training and awareness-raising. (vi) Managing secured collections (Microbial Resource Research Infrastructure, 2012).

Culture collections can apply for Registered Collection status giving them a legal certainty when sharing cultures. Enforcement of the NP has already been proven to slow down the number of deposits of microbial resources (Dedeurwaerdere, 2010). Similarly, an internal survey conducted by the COST Action CA18238 Ocean4Biotech also demonstrated that while researchers and innovators are determined to follow the rules and collect samples responsibly and ethically, their limited understanding of the NP, long waiting and handling times and limited contact with the National Focal Points in the country of origin have proven inhibitory to research and biodiscovery. In addition, some controversial topics, such as sharing digital material (e.g., genome sequences of collected samples) are still being discussed by the CBD, which only adds hesitation to resource sharing altogether. Additional documentation when sharing cultures across countries (e.g., phyco-certificates for algae) can be costly for culture collections operating on small budgets.




9 Conclusion

The understanding of marine habitats and the biomass demand for the responsible use of marine microbial resources and a commitment to conserve microbial biodiversity and ecosystems. The starting point for microbial biodiscovery and subsequent activities, leading to knowledge acquisition or innovative results, is the sampling of habitats. Currently, there is a limited number of harmonized publications or guidelines that are available for the international community when sampling marine habitats, either for biodiversity (ecology purposes) or biodiscovery (biotechnology purposes). To address the lack of resources, we propose a checklist that will help to effectively plan any sampling campaign targeting microbial (Figure 1). These should be categorized into pre-sampling, sampling and post-sampling activities. When careful planning is considered, the costs and effort can be optimized, allowing the already long, expensive and laborious sampling campaigns to provide effective microbial samples that can be used for immediate analyses or appropriately stored until further use. Finally, the proposed sampling operational workflow (Figure 1) allows for future integration of samples, data and results from different laboratories by minimizing sampling bias and resulting errors that can result from inadequate campaigns. This article also introduces a novel, openly available biorepository developed within Ocean4Biotech COST Action, where researchers and industrial stakeholders have a direct overview and communication with experts that are collecting and storing data from marine environments, primarily around Europe.
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