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Global amphibian populations are declining, driven by a complex interplay of stressors including habitat destruction, climate change, pollutants, invasive species, and emergent diseases. Understanding the physiological response of amphibians to these stressors is critical, and hormones offer a powerful lens into their reproductive health and stress resilience. However, our knowledge of amphibian physiology and endocrinology remains limited, largely due to the lack of suitable non-invasive monitoring tools. Here, we present an innovative, non-invasive hormone monitoring method using small, temporary dermal patches. First, we evaluated six patch materials and two extraction techniques for their effectiveness in measuring corticosterone and testosterone. Our results indicate that patch performance varied depending on both the hormone type and extraction method. Second, to biologically validate this approach for monitoring dermal androgens, we monitored changes in testosterone levels in the Blue Mountains tree frog (Dryopsophus citropa) following the administration of human chorionic gonadotropin (hCG). Dermal patches successfully detected biologically relevant increases in testosterone post-stimulation, confirming their utility for monitoring reproductive hormones. This novel technique provides a viable, non-invasive approach for assessing amphibian steroid hormones, creating new opportunities to advance amphibian physiological research, ecological monitoring, and conservation management.
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Introduction

Amphibians are one of the most imperiled groups of animals. Global amphibian populations are disappearing at an alarming rate, with 41% of species listed as threatened (IUCN SSC Amphibian Specialist Group, 2024). These declines are driven by several interacting stressors, such as habitat destruction, climate change, pollutants, invasive species, and emergent disease including chytridiomycosis, caused by the pathogen Batrachochytrium dendrobatidis (Bd) (Luedtke et al., 2023). Protecting these vulnerable species is critical as they provide valuable ecosystem services and have important cultural and intrinsic value. There is urgent need for better monitoring tools to establish fundamental information about amphibian biology and support the success of conservation efforts.

Hormones play a key role in shaping animal reproduction and stress responses, both of which are critical to species survival. Furthermore, the endocrine signaling system can be hijacked by factors such as endocrine disrupting chemicals and other sources of pollution, and frogs are particularly vulnerable to these disruptions that can exacerbate species declines (Hayes et al., 2010). Unfortunately, we lack fundamental information about endocrinology in most amphibian species, in part due to the lack of appropriate, non-invasive monitoring tools (Santymire et al., 2018). Addressing this knowledge gap is crucial for improving conservation efforts, particularly for increasing reproductive output and the success of conservation breeding programs and for understanding the impacts of stressors, toxins, and disease (Park and Do, 2023).

Non-invasive hormone monitoring offers an ethical and effective alternative to traditional blood sampling methods and has proven valuable for enhancing conservation outcomes (Kumar and Umapathy, 2019; Schilling et al., 2022). Although these approaches have been relatively well developed for mammals, progress in amphibians has lagged behind (Trudeau et al., 2022). Urine is the main non-invasive substrate that has been used for frogs (Trudeau et al., 2022), but it can be difficult to obtain urine samples at the required sampling points and still requires manual restraint. Water sampling has also been used for amphibians, but requires transferring animals to a separate sampling container. Standardizing water-based measurements can be challenging and presents some logistical hurdles, including low concentrations of hormones. Fecal sampling, which is common in other vertebrates, has rarely been used in frogs because they defecate infrequently and samples can be difficult to find. Recent studies have demonstrated that glucocorticoids (GCs) can be measured reliably via dermal swabs from frogs (Santymire et al., 2018; Scheun et al., 2019). The approach of measuring hormones via dermal secretions holds great promise for non-invasive hormone monitoring in amphibians, and there are valuable opportunities to develop this method further. To date, this approach has only been used for monitoring GCs, leaving reproductive endocrinology largely unexplored. This gap presents a compelling opportunity to expand the toolkit—one that our study addresses through the development of a novel dermal patch method.

The aim of this project was to develop an innovative, non-invasive tool for measuring frog hormones using small, temporary dermal patches. Specifically, we aimed to: (i) compare the performance of different patch materials; (ii) compare two methods to extract steroid hormones from the patch; and (iii) demonstrate that dermal patches can be used to measure biologically relevant changes in hormone levels, specifically testosterone. By enabling researchers, wildlife managers, and conservation practitioners to easily and ethically monitor the stress and reproductive health of frogs, this tool will greatly contribute to our understanding of frog physiology and success of conservation breeding programs.





Materials and methods




Experiment 1: methodological validation




Experimental overview

For the methodological tests, we focused on two hormones that are most commonly used in the assessment of frog stress and reproductive physiology: corticosterone (Cort) and testosterone (T). We spiked patches with one of four different hormone concentrations and extracted them using two different extraction approaches (see below). For each hormone, we analyzed a total of 144 samples (6 material types x 4 spike concentrations x 2 extraction methods = 48 treatments, with 3 replicates of each treatment).





Patch material

We identified six different patch materials as potential candidates for use as dermal patches, each with slightly different characteristics (Table 1). Patch size was standardized using a hole punch (6 mm diameter), which was cleaned thoroughly with 80% ethanol before and after punching discs for each patch material. Individual patches were stored in labelled 1.5 ml microcentrifuge tubes.


Table 1 | List of materials tested for use as a dermal patch to measure steroid hormones.
	Patch ID
	Manuf.
	Product name (code)
	Material
	Pore size
	Slope of recovery
	Comments


	Testosterone
	Corticosterone


	EtOH
	DEE
	EtOH
	DEE



	1
	Whatman
	Whatman® qualitative filter paper, Grade 1
(1001-090)
	Cellulose
	11 μm (Particle retention)
	0.94 ±
0.15
	1.01 ±
0.16
	0.52 ±
0.19
	0.98 ±
0.21
	 


	2
	Whatman
	Whatman® qualitative filter paper, Grade 4
(1004-125)
	Cellulose
	20-25 μm (Particle retention)
	0.81 ±
0.20
	0.93
0.10
	0.44 ±
0.16
	0.84 ±
0.23
	 


	3
	Whatman
	Whatman® quantitative filter paper, ashless, Grade 42
(1442-125)
	Cotton
	2.5 μm (Particle retention)
	0.99 ±
0.14
	1.13
0.11
	0.42 ±
0.13
	0.86 ±
0.23
	 


	4
	Whatman
	Whatman® glass microfiber grade GF/C
(1822-047)
	Borosilicate glass
	1.2 μm
	0.82 ±
0.18
	0.99
0.20
	0.61 ±
0.16
	0.80 ±
0.33
	Potentially abrasive for frogs


	5
	NEN Life Science Products
	Colony/Plaque Screen hybridization transfer membranes
(NEF-978)
	Positively charged nylon membrane
	0.45 µm
	0.77 ±
0.18
	1.10
0.08
	0.54 ±
0.17
	0.87 ±
0.32
	 


	6
	Kimtech
	Kimwipe delicate task wiper
(34120)
	Cellulose
	Not reported
	0.83 ±
0.19
	1.00
0.16
	0.50 ± 0.16
	0.75 ±
0.05
	Prone to tearing





Slope of recovery indicates the relationship (slope ± SE) between expected and observed concentrations. Values between 0.7-1.3 are considered acceptable. To highlight best performance, values between 0.9 – 1.1 are shown in bold.







Spike-recovery test

To assess extraction efficiency and interference of the patch materials, we conducted spike-recovery trials for Cort and T. Patches were spiked with buffer (control) or with low, medium, or high concentrations of the respective hormone standards (0.1, 0.64, or 4 ng/ml). We added 10 µL of the respective solution directly onto each patch and let it dry overnight. Dried patches were stored at room temperature until extraction (<30 days).





Extraction methods

We compared two methods to extract steroid hormones from the patches. The first method was an “ethanol extraction”, which is commonly used in non-invasive hormone monitoring to extract steroid hormones from solid matrices (Palme et al., 2013). For this method, 200 µL of 80% ethanol was added to each tube containing spiked patches. Tubes were vortexed and place on a rocking shaker overnight. The following day, the patch was removed and discarded, and the extracts were stored at -20 °C until analysis.

The second method was a diethyl-ether (“DEE”) extraction, which is typically used in plasma steroid analysis (liquid: liquid extraction) to separate steroids from interfering substances (Taves et al., 2011). For the DEE extraction, 100 µL of ultrapure water was added to each tube containing the patch, followed by 1 mL of diethyl-ether. Tubes were vortexed for 30 seconds and left to stand for 5 minutes to allow phase separation. To isolate the solvent layer, tubes were placed in a -80 °C freezer for 5 minutes, freezing the aqueous portion. The upper solvent layer, containing the steroids, was transferred to a clean 1.5 ml microcentrifuge tube. This procedure was then repeated a second time. The combined solvent was dried overnight. Prior to analysis, dried samples were reconstituted with 20 µL of 100% ethanol and 150 µL of assay buffer.





Hormone assays

Hormone concentrations were quantified using T and Cort enzyme immunoassays (Arbor Assays® ISWE Testosterone Mini-Kit - product # ISWE001 and Arbor Assays® ISWE Corticosterone Mini-Kit - product # ISWE007; Ann Arbor, Michigan, USA). Assays were run according to manufacturer’s protocol. Briefly, 96-well microtiter plates were coated goat anti-rabbit IgG (Arbor Assays, USA, A009) for the testosterone assay, and donkey anti-sheep IgG (Arbor Assays, USA, A010) for the corticosterone assay. To run the assays, plates were washed and loaded with 50 μL of standard, control, or sample, followed by 50 μL of horseradish peroxidase (HRP) conjugate and 50 μL antibody solution. Plates were incubated for 2 hours at room temperature, washed and loaded with 100 μL TMB solution. The color reaction was stopped and optical density was quantified using a 450 nm measurement filter (620 nm reference filter; SPECTROstar Nano plate reader, BMG LABTECH, Ortenberg, Germany). Inter-assay coefficients of variation for high and low controls were 8.4% and 4.2% for the testosterone assay, and 6.5% and 2.2% for the corticosterone assay. Intra-assay coefficients of variation were <10% (T: 5.9% and 4.7%; Cort: 9.9% and 8.8%) for high and low controls respectively.






Experiment 2: biological validation for testosterone




Animals

The Blue Mountains tree frog, Dryopsophus citropa is a medium-sized (47-62mm svl) tree frog species with an IUCN conservation status of ‘least concern’, though populations have declined in parts of the species’ range in southeastern Australia. On the 8th of November 2024 (between 20:00-22:00hrs), a total of eight male L. citropa were collected from a natural population located within Darkes Forest, Dharawal National Park approximately 60 km south of Sydney, New South Wales, Australia. Males were located by tracking their vocalizations and collecting each male by hand from its advertisement position on rocks fringing a permanent stream. All males captured were observed broadcasting advertisement calls and exhibited darkened nuptial pads, indicating that they were reproductively mature. Latex examination gloves were worn at all times during handling and changed between individuals. Immediately after capture, frogs were housed in individual ventilated plastic containers (9cm D x 5cm H), containing 10 laboratory tissues (Kimwipe, Kimtech) wetted with 25 ml of distilled water. Frogs were transported to a field station located within 20 km where they were held on an 18 °C/22 °C night/day temperature cycle and natural photoperiod.





hCG injection and patch application

At the field station, frogs were weighed to the nearest 0.01 grams and then rested for approximately 24-hours without handling. On the 10th of November, 2024 at 07:00 hours, males were individually removed from housing and a patch consisting of a 6 mm circle of sterile filter paper (Filtech 10 µm qualitative filter paper, cat no. 1893-055) was applied to the central dorsal surface (Figure 1) using sterile forceps (cleaned in 80% ethanol between applications). Patches remained on the frogs’ skin for exactly 60 seconds before being removed and placed in a prelabelled Eppendorf tube. After the patch was removed, each male was administered 20 IU/g body mass human chorionic gonadotropin (hCG, Chorulon®) diluted in 100 µL of Simplified Amphibian Ringer (SAR; 113 mM NaCl, 2 mM KCl, 1 mM CaCl2, 3.6 mM NaHCO3). The hormone type and administration protocols used were based on previously established methods for anurans (Silla et al., 2019; Silla and Langhorne, 2022), with the specific dose chosen based on an established protocol used routinely for another Australian hylid, the Booroolong frog (Litoria booroolongensis) (Hobbs et al., 2023). Hormones were administered via subcutaneous injection into the dorsal lymph sac using ultra-fine 30-guage syringes. Following hormone administration, males were removed from housing every 2-hours for a 12-hour period for the collection of spermic urine samples via a glass microcapillary tube (Silla et al., 2019). Following spermic urine collection (Silla unpublished data) at the 6- and 12-hour time point post hormone administration, dermal patches were applied to each male according to the procedures described above. The timing of the collection was chosen to reflect basal concentrations (0 h; prior to hormone administration), peak response (6 h post hormone administration) and when concentrations were expected to start declining (12 h post hormone administration). Patches were refrigerated for 24 h before being stored at -20 °C until analysis.

[image: A person wearing gloves holds a small brown and green frog with a white dot on its back. Surgical tools, including tweezers and a syringe, are visible in the background on a light blue surface.]
Figure 1 | Adult male Blue Mountains tree frog, Dryopsophus citropa with dermal patch applied. Photo courtesy of Aimee Silla.





Hormone analysis

To extract T metabolites, 100 µL of 60% ethanol was added to each tube containing the dermal patches. Tubes were vortexed and placed on a rocking shaker overnight. The following day, the patch was removed and discarded, and the extracts were stored at -20 °C until analysis.

We chose ethanol for this extraction procedure because the recovery slope between expected and observed hormone concentrations from experiment 1 fell within the acceptable range and was comparable to DEE for the selected patch type (Table 1). Ethanol offers several advantages over DEE, including lower environmental impact, shorter processing time, and greater applicability across different contexts, including field-based extractions. To minimize potential interference with the antibody, we reduced the ethanol concentration to 60%. The dermal patch extracts were analyzed using the T assay and methodology described above. The assay was biochemically validated in our lab by demonstrating parallelism between serial dilutions of a pooled sample and the standard curve. Final T concentrations are expressed as nanograms of T per patch. All samples were run on the same plate.






Data analysis




Experiment 1: methodological validation

To compare the performance of the different patch materials and extraction methods we fitted linear models using R package lme4 (Bates et al., 2015). Separate models were run for each hormone (testosterone and corticosterone). Hormone concentration was modelled as a function of the interaction between patch material and spike concentration, as well as extraction type. Hormone concentrations were log transformed prior to analysis to meet model assumptions of normality and heterogeneity of variance.

In addition, linear regression was used to evaluate the relationship between expected and observed hormone concentrations. This analysis was run separately for each patch type, hormone, and extraction method combination. A slope of 1 indicates perfect agreement between expected and observed values, indicating no interference or matrix effect. However, slopes of 0.7 – 1.3 are generally acceptable (Hunt et al., 2019).





Experiment 2: Biological validation for testosterone

To analyze changes in dermal testosterone concentrations following hCG injection, we fitted linear mixed effects models using R package lme4 (Bates et al., 2015). Testosterone concentrations were modelled as a function of sample time (hours after hormone stimulation). Animal ID was included as a random effect to account for repeated measures from individuals. Hormone concentrations were log transformed prior to analysis to meet model assumptions of normality and heterogeneity of variance.







Results




Experiment 1: methodological validation




Patch material

Across all patch types, measured hormone concentrations generally increased as the spike concentration increased (Figure 2). The interaction between patch material and spike concentration was not statistically significant for either hormone, indicating that there was not sufficient evidence that the slopes were significantly different across patch types, at least for the range of concentrations tested (Testosterone: F15,119 = 1.04, p = 0.42; Corticosterone: F15,115 = 0.06, p = 1.0; Figure 1). However, based on the linear regression between expected and observed concentrations for each patch type, slopes varied considerably, even if they were all generally positive (Table 1). Whatman ® Grade 1 filter paper was the most consistent, with the recovery slope closest to 1.0 across hormones and extraction methods.

[image: Two line graphs compare the concentration of hormones on different patch materials. Graph A shows androgen concentration with varying spike concentrations, with each line representing a different patch material. Graph B shows corticosterone concentration across the same variables. Legends identify patch materials using different colored shapes. Both graphs depict a trend of increasing hormone concentration with higher spike concentrations.]
Figure 2 | Relationship between expected and observed androgen concentration (A) and corticosterone concentration (B) from patches extracted with ethanol (dashed line) or diethyl-ether (solid line).





Extraction method

Extraction method significantly influenced hormone recovery, with ethanol yielding significantly higher hormone concentrations for both testosterone and corticosterone (Testosterone: F1, 119 = 1147.63, p <0.001; Corticosterone: F1, 115 = 91.56, p <0.001; Figure 1). However, based on the linear regression analysis, DEE extractions consistently produced steeper slopes than ethanol extractions for both hormones (Table 1), indicating better discrimination of spike concentrations. However, the magnitude of this difference varied across patch types.





Spike recovery

We observed notable differences between the two hormones, with testosterone generally performing better on the spike-recovery test (Table 1; Figure 1). For testosterone, all recovery slopes fell between the suggested range of 0.7 – 1.3 (Hunt et al., 2019), regardless of patch type or extraction method. For corticosterone, extraction method seemed to have a bigger effect. With the ethanol extraction, the corticosterone recovery slopes were unacceptably low, with the highest slope being 0.61. However, with the DEE extraction, the slopes for all patch types were within the accepted range.






Experiment 2: biological validation for testosterone

Following hCG administration, dermal testosterone levels rose significantly above levels at time 0 (F2, 14 = 6.21, p = 0.01; Figure 3). After 6 h, concentrations were 1.4-fold higher, and at 12 h, concentrations were 1.5-fold above baseline.

[image: Line graph showing testosterone levels over time after injection. At 0 hours, the level is approximately 0.6 ng per patch. It rises to around 0.9 ng per patch at 6 hours and remains steady at 12 hours. Error bars represent variability.]
Figure 3 | Effect of hCG administration on dermal testosterone measurements. Data represent estimated marginal means and error bars represent standard error.






Discussion

To our knowledge, this is the first study to validate non-invasive dermal patches for monitoring adrenocortical and reproductive steroids in amphibians. Although previous studies have used dermal patches to administer exogenous glucocorticoids to amphibians (Wack et al., 2010), this approach has not been used to measure endogenous steroid hormones. We present both biochemical and biological validation of this innovative technique. This method provides a valuable non-invasive tool for researchers, wildlife managers and conservation practitioners to assess stress and reproductive health in amphibians.

We evaluated six different patch materials to assess their effectiveness in extracting steroid metabolites and to determine the extent of interference introduced by the patch itself. These materials varied in composition and pore size. While hormone recovery and slope estimates differed across materials, we found no significant effect of patch type on overall extraction efficiency. However, slope analysis revealed that some patch materials offered better discrimination between spike concentrations, with performance varying by both extraction method and hormone type. Overall, Whatman Grade 1 performed the most consistently (i.e., recovery slopes closest to 1) across tests.

For testosterone analysis, all patch materials and extraction methods showed acceptable performance, with recovery slopes between 0.7 – 1.3. Therefore, patch selection may be informed by practical considerations, such as adherence to the frog and material availability, rather than analytical performance.

In contrast, the choice of extraction method significantly influenced corticosterone measurements. Whatman 1 performed best with DEE extraction, while none of the patches yielded optimal results with ethanol. Ethanol extractions produced poor recovery slopes between expected and observed corticosterone concentrations, with values falling below the acceptable range. These findings suggest that ethanol may introduce greater interference, compromising assay accuracy. Ethanol is a polar protic solvent that readily co-extracts interfering substances such as proteins, lipids and salts, which can lead to matrix effects. In contrast, no interference was detected with DEE extractions, likely due to the removal of interfering compounds during the extraction process. DEE is commonly used in plasma steroid analysis because of its ability to isolate steroids from interfering substances (Taves et al., 2011). The solvent effect was more pronounced for corticosterone than testosterone, which could be due to differences in steroid polarity and susceptibility to matrix effects. Corticosterone, being more polar, is prone to co-extraction with interfering substances and therefore more vulnerable to assay disruption (Makin et al., 2010).

Each extraction method offers distinct advantages. Ethanol extraction is faster, generates no hazardous waste, has a lower environmental impact, is safer and does not require high-energy equipment such as fume hoods or freezers (Alder et al., 2016; Prat et al., 2016). It is also more accessible in many locations and can be performed in the field, making it suitable for studies with limited resources. However, the interference introduced by the ethanol must be accounted for to ensure reliable results. Furthermore, a high percentage of alcohol can interfere with assay performance and should be taken into consideration. We found that 60% ethanol provided acceptable results for the biological validation. In contrast, DEE extractions may be preferable when minimizing interference is critical and sensitivity at low concentrations is important. DEE extraction may be best for species that produce protein-based toxins which could interfere with hormone measurements. Additionally, DEE-extracted samples can be stored at room temperature and reconstituted prior to analysis, offering logistical benefits without the need for energy-intensive storage. Analytical validation must be completed for each species and solvent.

Although dermal patches have not previously been tested, dermal swabs have been biologically validated and demonstrate that dermal secretions can be used to monitor glucocorticoid levels in amphibians (Santymire et al., 2018; Scheun et al., 2019). However, to our knowledge there has been no biological validation of dermal reproductive hormones to date. In this study, we show that dermal patches can detect biologically relevant changes in testosterone concentrations. Dryopsophus citropa stimulated with hCG showed elevated dermal testosterone levels at 6 hours and 12 hours post-stimulation compared to baseline levels, providing evidence that dermal patches are suitable for monitoring changes in reproductive steroids.

Dermal patches offer several advantages over the previously validated dermal swab technique. In docile species, this approach could improve animal welfare by eliminating the need for handling, offering a rapid, fully non-invasive method for hormone monitoring. Using a consistent patch size provides a more standardized approach for defining the sampling area, in contrast to swabbing where the swabbing area may vary between handlers. The patch method also reduces the amount of non-sample material present in the extraction (i.e., thin piece of filter paper instead of larger cotton swab and stick), potentially minimizing interference and allowing for more sensitive hormone measurements. This technique shows strong potential for broader application, though species-specific validations are necessary, and adaptations may be required to optimize the patch placement, size and duration.

The development of this approach offers a valuable opportunity to gain novel insights into amphibian biology. In particular, the validation of a non-invasive testosterone assay is an exciting step forward in advancing our understanding of reproductive biology, especially given the predominant focus on glucocorticoids in previous research. This approach can be used to map reproductive endocrinology of amphibians, optimize assisted breeding protocols for conservation breeding programs, examine reproductive status of wild animals, and identify how different factors impact reproductive biology.

Our findings demonstrate that dermal patches are a viable, non-invasive tool for monitoring biologically relevant changes in amphibian steroid hormones. We show while patch material does not greatly affect hormone measurements, the extraction method does, particularly for corticosterone. Ethanol extractions yield higher hormone concentrations, whereas DEE extractions provide better isolation of steroid hormones from interfering substances. Importantly, our validation of dermal testosterone levels following hCG stimulation confirms the suitability of this technique for monitoring reproductive hormones. Expanding the scope to include a broader range of hormone profiles (e.g. testing estrogen and progesterone), as well as conducting multi-species validations and field trials, will further demonstrate the potential of this innovative tool in advancing ecological monitoring and conservation management of amphibians.
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